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DNA mechanics critically affects the fundamental biological
processes of transcription, replication, recombination, and
repair. Therefore, DNA mechanics has been extensively
studied since the structure of DNA was resolved.[1] Recent
progress in the techniques that allow mechanical manipula-
tions of single-polymer molecules has made it possible to
carry out very accurate measurements of DNA elasticity at
a single-molecule level.[2–8]

When DNA is irradiated by UV light at �250–320 nm
(UVC and UVB), the major UV-induced lesions are cyclo-
butane pyrimidine dimers (CPDs) and pyrimidine–pyrimi-
done 6–4 lesions (6–4 lesions). They occur approximately as
follows: �75% CPDs and �25% 6–4 lesions.[9] The three
possible UV-induced dimers are TT, CC, and CT/TC. Sur-
prisingly, recent reports indicate that UVA (320–400 nm)
also produces, although not directly, a significant amount of
CPDs, suggesting that the issue of the relative relevance of
different parts of the UV spectrum to carcinogenesis is not
yet settled.[10, 11]

A CPD is formed by covalent bonds (5,6 double bonds)
of two adjacent pyrimidines in the same polynucleotide
chain, whereas a (6–4) lesion is formed by a linkage made
between the C6 position of one pyrimidine and the C4 posi-
tion of the adjacent pyrimidine. From a structural point of
view, this UV damage disrupts base stacking, complementa-
ry pairing, and the native B-DNA conformation. For exam-
ple, UV-induced dimers cause a small length change in both
major and minor grooves of DNA on the order of <ng-
stroms.[12] The structural changes interfere with normal pro-
tein–DNA interactions for molecular recognition because
the affinity between DNA and, for example, transcriptional
and replicational machinery is weakened by the perturbed
local and global structure. We hypothesize that UV damage
to DNA affects DNA elasticity, and its changes may have a
detrimental effect on fundamental DNA transactions. How-

ever, little is presently known about the relationship be-
tween UV damage to DNA and DNA mechanics. In this ar-
ticle, we report the results of our measurements of the elas-
ticity of UV-damaged DNA using novel atomic force micro-
scopy (AFM)-based single-molecule force spectroscopy.[13–24]

We found that UV radiation affects DNA elasticity in a
dose- and sequence-dependent manner.

All pulling measurements were carried out on custom-
built AFM instruments.[17] DNA duplexes were picked up
by the AFM tip and stretched vertically in solution to deter-
mine their force–extension relationships. Figure 1 shows the

result of six independent force spectroscopy measurements
on UV-treated l-phage DNA and untreated DNA. A scatter
diagram at each dose is shown in Figure S1 of the Support-
ing Information. The exposure time was increased from 0 to
75 min (from 0 to 52.5 kJm�2). The solid trace in Figure 1
shows the typical force–extension curve (force spectrogram)
of double-stranded intact DNA (dsDNA; no UV exposure).
The elastic properties of dsDNA have several unique fea-
tures:[3,4, 7] 1) At a critical force of about 70 pN, a long pla-
teau amounting to 70% of the original contour length ap-
pears in the force–extension relationship; 2) a second pla-
teau appears at higher forces of 150–450 pN and is followed
by a steeply increasing force curve; 3) the relaxation traces
reveal patterns that are characterized by a different degree
of hysteresis.

The inspection of other force spectrograms in Figure 1
indicates significant differences in the elasticity of UV-treat-
ed individual DNA molecules as compared to the untreated
DNA (solid line). UV treatment shortens the B–S transition
below 70% of the original contour length measured for the
untreated DNA. Moreover, the shortening of the plateau is
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Figure 1. Force spectrograms of UV-irradiated l-phage DNA with dif-
ferent doses: 0 min (solid line); 15 min (10.5 kJm�2; square);
30 min (21 kJm�2; diamond); 45 min (31.5 kJm�2; hexagon); 60 min
(42 kJm�2; circle); and 75 min (52.5 kJm�2; triangle). The traces rep-
resent measurements on different molecules. Inset: The relationship
between irradiation time and B–S transition length relative to the
contour length shows the steady state of the yield of UV-induced
dimers.
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dose dependent. Interestingly, the second transition is also
reduced in a dose-dependent manner.

We hypothesize that the shortening of the B–S transition
originates from the extensive formation of CPDs and 6–4 le-
sions, which result in a partial loss of the double-helical
structure along the DNA backbone. The exact nature of the
cooperative elongation through the B–S transition is pres-
ently unknown but likely involves some alterations in both
base-stacking and base-pairing interactions in the double
helix during its unwinding. UV lesions such as cis–syn CPDs
are known to induce bending of 20–308 and unwinding of
regular B-DNA by 108.[12, 25] 6–4 lesions cause much more
severe bends or kinks of 448.[9] It is therefore possible that
the reduced length and cooperativity of the B–S transition
in irradiated DNA reflects the unwinding of the double
helix caused by the weakening of base stacking and base
pairing. Because UV-induced lesions perturb the structure
of the double helix, it is likely that they may cause partial
DNA melting.[26] This effect could be responsible for the ob-
served shortening of the overstretching transition in the
UV-irradiated DNA. In addition, the fact that the normal-
ized initial contour lengths (before the onset of the B–S
transition) increase in a dose-dependent manner supports
our conjecture about UV-induced unwinding of the double
helix. Similarly, since UV lesions may weaken base-pair in-
teractions and possibly even cause parts of the DNA to
melt, they cause a shortening of the width of the second
transition. It is therefore understandable that not only the
B–S transition of UV-irradiated DNA becomes shorter and
significantly less cooperative than that of untreated DNA
but also that the second transition fades away in a dose-de-
pendent manner.

The B–S transition after 15 min exposure (trace with
squares in Figure 1, 10.5 kJm�2) is �9% shorter compared
to that of intact DNA. Douki et al. reported that at
10.5 kJm�2 the number of CPDs is 30 per 10000 bases.
Based on the published results, we estimate that at a dose
of 10.5 kJm�2, �0.3% of all nucleotides form CPDs.[27] As
the exposure time is increased, the B–S transition length
shortens, suggesting an increase in the number of pyrimidine
dimers. Strikingly, the shortening of the width of the B–S
transition saturates at the dose of �40 kJm�2 (circles),
which is exactly the same dose at which Douki et al. ob-
served the saturation of the number of UVC-induced lesions
in their measurements. This comparison between our data
and the data obtained by Douki et al. gives us confidence
that the shortening of the B–S transition is indeed caused
by the formation of CPD lesions. This saturation suggests
that at longer exposure times the rate of dimer formation in
l-phage DNA may be equal to the rate of dimer reversal
(Equation (1)). Previous studies have indicated that �7%
of the total thymine of Escherichia coli DNA could form
thymine-containing dimers (TC and TT) when E. coli was
continuously irradiated with UV light at 254 nm suggesting
a dynamic equilibrium between dimerization and its rever-
sal.[28]

Pyþ Py;(�+uv Py <>Py ð1Þ

The “bulk” studies also indicated that the dose at which
the saturation is reached varies with DNA sequence because
the yield of UV lesions is strongly influenced by the se-
quence context.[29] For example, TT dimer formation is
more likely to occur in TGAAATTGTTAT than in CTA-
TATTGATTA or TGGAATTGTGAG.[30] Due to this com-
plexity it is difficult to pinpoint the exact location and
chemical nature of UV dimers formed in l-phage DNA.

To simplify our study we decided to use synthetic DNA
with homonucleotide sequences such as polydA·polydT,
polyACHTUNGTRENNUNGdG·polydC, and polydGdC·polydGdC. The advantage
of synthetic DNA over native sequences (e.g., l-phage
DNA) is that it allows us to amplify the mechanical effect
of only one type of dimer, such as TT or CC (Figure 2a). In
addition, we can investigate the difference in the yield of
TT dimers and CC dimers by comparing the elasticity of
polydA·polydT and polydG·polydC after exposing them to
the same dose of UV light.

PolydG·polydC can form only CC dimers (CPDs and/or
6–4 lesions) along the strand of the homo-dC sequence
when exposed to UV light. Therefore, this specific sequence
allows us to study the effect of only CC dimers on the elas-
ticity of DNA. Two neighboring cytosines are the most re-
sistant among three pyrimidine neighbors (TT, TC, and CC)
to forming a dimer, so that the yield of CC dimers is expect-
ed to be lower than that of TT dimers. Thus, we anticipate
that the shortening of the B–S transition for polydG·polydC
should be less than that for polydA·polydT at the same
dose. In addition, the stronger base-pairing interaction in
polydG·polydC compared to polydA·polydT may further in-
hibit the formation of photolesions because it may prevent
the reorientation of neighboring pyrimidines for photolesion
formation.[31] A comparison of force–extension curves ob-
tained on polydA·polydT and polydG·polydC under the con-
ditions of damage saturation (maximum shortening of the
B–S transition) should be informative as to the yield of
dimer formation in equilibrium for both types of dimers.

Figure 2b shows measurements of the elasticity of four
individual polydA·polydT duplexes exposed to various
doses of UV light. The trace with square markers in Fig-
ure 2b corresponds to 5 min irradiation (3.5 kJm�2) and
shows the B–S transition to be shortened to �25% of the
contour length as compared to �70% for the untreated
DNA (solid line). In addition, the B–S transition of the irra-
diated DNA shows much less cooperativity compared to the
B–S transition of the control sample. This amount of short-
ening of the B–S transition in polydA·polydT is almost
equivalent to that recorded on 60 min UV-irradiated
l-phage DNA (Figure 1, circle). This result is understand-
ACHTUNGTRENNUNGable if we consider that thymines form dimers more readily
than other bases[27] and that there are many more thymines
in polydA·polydT than in l-phage DNA (per unit length).

A comparison between the traces with square (5 min ex-
posure, 3.5 kJm�2) and diamond (10 min exposure, 7 kJm�2)
markers in Figure 2b indicates that dimer formation already
reaches a steady state at exposure times of 5 min. This ob-
servation suggests that the rate of dimer formation in poly-
dA·polydT is indeed much higher than in l-phage DNA. Al-
though it is difficult to differentiate between the mechanical
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effects caused by CPDs and 6–4 lesions, we attribute the ob-
served effects of the 5-min-irradiated sample (squares)
mainly to CPDs, because the formation of TT (6–4) lesions
is the least frequent among all possible 6–4 products and re-
quires very high doses of UV irradiation (>5 kJm�2).[32]

Figure 2c shows four different measurements of the elas-
ticity of individual polydG·polydC duplexes exposed to vari-
ous doses of UV light. It can be seen that the width of the
B–S transition and the transition force both decrease in a
dose-dependent manner. Consistent with our predictions,
Figure 2d and Figure S2 (see Supporting Information)
reveal that the shortening of the B–S transition is greater
for polydA·polydT than for polydG·polydC when both sam-
ples are irradiated with the same dose (10 min).

Since polydGdC·polydGdC (inset illustration in
Figure 3) cannot form GC dimers, and thus should be free
of UV-induced dimers when irradiated with UV light at
254 nm wavelength, it should serve as an experimental con-
trol. If we assume that the measured shortening of the B–S
transition plateau mainly originates from CPDs and 6–4 le-
sions, the force–extension curves of polydGdC·polydGdC
obtained after UV treatment should be the same as for un-
treated DNA. Differences between the elasticity of irradiat-
ed and untreated polydGdC·polydGdC can be accounted
for by the possibility of large doses of UV light causing
DNA single-strand breaks, and possibly leading to lower

B–S transition forces.[6,8] To
verify our hypothesis, force
spectroscopy measurements
of polydGdC·polydGdC were
performed after UV irradia-
tion of 60 min.

The inset in Figure 3
shows the force–extension
curves obtained on a single
molecule of polydGdC·poly-
ACHTUNGTRENNUNGdGdC DNA after exposing it
to a very high dose of UV
light (60 min exposure,
42 kJm�2). The stretching
trace is marked in black and
the relaxing trace is marked
in gray. Both traces reveal a
B–S transition that occurs at
a force of �70 pN and whose
width is equal to 70% of the
initial contour length. The
force spectrogram also re-
veals a pronounced second
transition that occurred at
�450 pN. A small hysteresis
between stretching and relax-
ing traces around the force
of 450 pN is also shown in
the inset of Figure 3 (see Fig-
ure S3 in the Supporting In-
formation for comparison of
a hysteresis on the B–S tran-
sition between UV-treated

and untreated polydGdC·polydGdC). All of these features
are hallmarks of the elasticity of undamaged DNA. Figure 3
shows a comparison between force spectrograms of UV-

Figure 2. Atomic force microscopy measurements show the mechanical effects of UV damage on the
elasticity of a DNA double helix. a) Schematic of two different synthetic DNA forming UV-induced TT and
CC dimers, respectively: polydA·polydT DNA forms only TT dimers; polydG·polydC DNA forms only CC
dimers between every consecutive two bases. b) Normalized force spectrograms of polydA·polydT irradi-
ated for different UV exposure times: 0 min (solid line); 5 min (square); 10 min (diamond); 15 min
(circle). c) Normalized force spectrograms of polydG·polydC irradiated with different UV doses: 0 min
(solid line); 10 min (square); 20 min (diamond); 30 min (circle). d) A comparison of normalized force–
extension relationships between polydA·polydT and polydG·polydC irradiated with UV light at the same
dose (10 min).

Figure 3. A comparison of the normalized force spectrograms
between untreated DNA (black) and 60-min-irradiated DNA (gray).
The force–extension curve of polydGdC·polydGdC irradiated by UV
light at 254-nm wavelength for 60 min does not show the UV effect,
similar to untreated DNA because there are no TC, TT, and CC neigh-
bors on the sequence of two strands. Inset: the backward trace
(gray) reveals a hysteresis deviation from the forward trace (black) at
high exposure times (60 min, 42 kJm�2).
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treated (gray, 60 min) and un-
treated polydGdC·polydGdC
(black, 0 min). This close re-
semblance implies that UV-ir-
radiated polydGdC·polydGdC
is free of dimerization-related
damage. Thus, these observa-
tions support our initial hy-
pothesis that the UV effect on
DNA elasticity comes mainly
from the extensive formation
of CPDs and 6–4 lesions.

Stretch–release force spec-
troscopy measurements on
various untreated DNA typi-
cally reveal some degree of
hysteresis in the elasticity
profiles. Interestingly, irradi-
ated DNA, which displays a
greatly reduced width of the
B–S transition, shows no sign
of hysteresis, regardless of the
sequence and the magnitude
of the stretching force
(Figure 4). One possible ex-
planation is that UVC can
crosslink two DNA strands.[33]

The results shown in Fig-
ure 4b may therefore indicate
that after heavy irradiation both strands of l-phage DNA
may be crosslinked, and this could eliminate the hysteresis.
In the case of polydA·polydT, the crosslink would have to
involve an A–T dimer. Such dimers have also been reported
in UV irradiation of DNA.[34] Thus, it is possible that UV ir-
radiation causes the crosslinking of the two strands of DNA,
after which they do not separate even after melting.

We established that UV radiation affects the mechanics
of DNA double helixes at a single-molecule level, in a dose-
dependent manner. The width of the B–S transition shortens
in a dose-dependent manner below the standard 70% of the
contour length and becomes less cooperative. In l-phage
DNA the second, high-force transition is also reduced in a
dose-dependent manner. Consistent with previous bulk
studies of UV damage, single-molecule force spectroscopy
measurements on irradiated synthetic DNA polydA·polydT
and polydG·polydC sequences reveal damage saturation in
a sequence-dependent manner. Our control measurements
performed on polydGdC·polydGdC support our hypothesis
that the mechanical effects of DNA damage by UV light
are primarily mediated by cyclobutane pyrimidine dimers
(CPDs) and 6–4 lesions. We propose that single-molecule
force spectroscopy, which provided many insights into the
mechanics of intact DNA, can also be used to detect and in-
vestigate DNA lesions. This research, the first direct mea-
surement that determines the relationship between DNA
nanomechanics and damage, lays a foundation for the
future use of single-molecule force spectroscopy in nano-
scale DNA diagnostics.

Experimental Section

l-phage DNA (D3779), polydA·polydT (P9764), polydG·poly-
ACHTUNGTRENNUNGdC (P3136), and polydGdC·polydGdC (P9389) were purchased
from Sigma–Aldrich Co. For force spectroscopy measurements
we used nonspecific adsorption of DNA to fresh gold sub-
strates[7] and untreated silicon nitride AFM tips (Microlever from
Veeco). The cantilevers had a nominal spring constant of
10 mNm�1 and an actual spring constant between 10–
20 mNm�1, as determined by using the energy equipartition the-
orem.[35] DNA pulling experiments were carried out on l-phage
and synthetic DNA after exposing the molecules to various
doses of UV radiation at a wavelength of 254 nm from a 6 W
source placed 5 cm above the sample. UV doses were measured
with a UVX radiometer (Part # 97-0015-02, UVP, Inc). 100 mL of a
DNA solution (100 mgmL�1) suspended in PBS/Tris EDTA buffer
was deposited onto a gold substrate, incubated for 2–3 h, and
then gently rinsed 3–5 times with the buffer solution.
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